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SUMMARY

Although massive membrane rearrangements occur
during cell division, little is known about specific
roles that lipids might play in this process. We report
that the lipidome changes with the cell cycle. LC-MSbased lipid profiling shows that 11 lipids with specific
chemical structures accumulate in dividing cells. Using AFM, we demonstrate differences in the mechanical properties of live dividing cells and their isolated
lipids relative to nondividing cells. In parallel, systematic RNAi knockdown of lipid biosynthetic enzymes
identified enzymes required for division, which highly
correlated with lipids accumulated in dividing cells.
We show that cells specifically regulate the localization of lipids to midbodies, membrane-based structures where cleavage occurs. We conclude that cells
actively regulate and modulate their lipid composition and localization during division, with both
signaling and structural roles likely. This work has
broader implications for the active and sustained
participation of lipids in basic biology.
INTRODUCTION
As a cell divides, it undergoes massive shape changes, culminating in the formation of a small structure, the midbody, where
cleavage between daughter cells occurs (Eggert et al., 2006b).
Traditionally, cell division research has focused primarily on the
actin and microtubule cytoskeletons as determinants of cell
shape and as drivers of cell division. Although membranes are
intimately connected to the cytoskeleton and intact membranes
are an absolute requirement after division has been completed,
little is known about the role of membranes during cell division.
For example, starting at the most basic level, we do not know
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whether cells change their lipid composition as they go through
the cell cycle. We report here a comprehensive and systematic
analysis of changes in the lipid composition and localization
during cell division.
Membranes and membrane trafficking are important to stabilize changes in curvature and to provide membrane to alleviate
tension caused by shape changes during division. Membranes
are also essential in signaling and are involved in the transport
and modulation of key proteins at constriction and scission sites
(Albertson et al., 2005; Echard, 2008; Eggert et al., 2004; Montagnac et al., 2008; Zhang et al., 2012). A recent report showed
that, in dividing sea urchin eggs, new membrane addition is
also required at the poles (Gudejko et al., 2012). Membrane lipids
can achieve these different outcomes through different interactions with their binding partners, which are mostly proteins
and/or other lipids. For example, some lipid species might
interact with proteins to form local signaling platforms in vesicles
or at the plasma membrane, whereas other lipid species might
provide mechanical support for membrane architectures such
as curved structures (van Meer et al., 2008). Local transport
and/or synthesis and turnover of different lipid species are likely
to be essential in regulating their varied functions. Except for a
few examples of well-studied lipids, we are only beginning to
appreciate the critical and diverse roles that lipids play during
many biological processes.
Cells express hundreds of enzymes that synthesize lipids and
produce tens of thousands of different lipids. Except for a few
specific cases, it is unclear why cells invest energy into producing such complex and diverse lipidomes. Compared to other
biological macromolecules, we have a poor understanding of
the roles of specific lipids in biological processes. One of the
reasons why it has been difficult to study lipids in their biological
context is that, compared to proteins, there are fewer standard
methods to visualize and manipulate lipid levels and localizations
in cells (Saario et al., 2012; Schultz, 2010). There have been hints
that a few different lipids might be involved in cell division (AtillaGokcumen et al., 2011; reviewed in Atilla-Gokcumen et al., 2010)

mostly by showing that fluorescent markers for these lipids
localize to cytokinesis structures (Emoto et al., 2005; Ng et al.,
2005). Only phosphatidylinositol 4,5-bisphosphate (PIP2) (Field
et al., 2005) and the related phosphatidylinositol 3,4,5-triphosphate (PIP3) (Sagona et al., 2010), well-known signaling lipids
that regulate actin polymerization and membrane trafficking
(Echard, 2012), have been studied extensively. Here, we use
mass spectrometry to identify which lipid species change as
cells divide and dissect localized contributions at the midbody.
We systematically perturb lipid levels in cells by knocking
down lipid biosynthetic enzymes and use atomic force microscopy (AFM) to analyze biophysical properties of dividing and
perturbed cells. Having determined the lipid complement of
dividing cells, our combined approach is now allowing us to
form hypotheses about the biological roles of the lipids that we
identified.
RESULTS
A Lipidomic Comparison of Dividing and Nondividing
Cells Reveals Cell-Cycle-Dependent Lipid Composition
We used liquid chromatography-mass spectrometry (LC-MS)based global lipid profiling, an unbiased approach that does
not require lipid perturbations (Saghatelian et al., 2004), to
analyze the lipidome of cells synchronized at different stages
of the cell cycle. Lipids are a broad class of metabolites that
vary in structure and size. Based on this diversity, different ionization techniques can be used to analyze different classes and
subgroups of lipids. For lipidomic studies, the use of ionization
methods that do not cause extensive fragmentation is preferred
because it enables the detection of a wide range of lipids within
complex mixtures. We used electrospray ionization (ESI) (Han
and Gross, 2003), which allows the analysis of different lipids
from total lipid extracts over a range of mass-to-charge (m/z)
ratios. We compared total lipids extracted from HeLa cells at
cytokinesis to cells at S phase or the metaphase stage of mitosis
and confirmed the identity of predicted lipid species by tandem
MS (Table 1, Figure 1, and Table S1 available online). The lipid
composition of cells in mitosis was similar to cells in cytokinesis.
The timing of division relative to other stages of the cell cycle is
rapid, suggesting that there may not be enough time for the
global synthesis of new lipids, similar to protein translation not
playing a major role during cell division (Stumpf et al., 2013).
The lipid composition of cells in S phase differs from cells in
cytokinesis. Specifically, 11 lipid species out of the many thousand species synthesized (and detected by LC-MS) accumulate
at least 4-fold in dividing (measured in cytokinesis but unchanged in mitosis) cells (Table 1 and Figure 1). Remarkably,
all of these lipids are very specific species within different families. This specificity is exciting because it shows that cells are
highly precise in their lipid regulation, but it also presents analytical challenges because tools are barely available to study lipid
families, let alone specific species within these families. Biological roles have not been reported for two species that we identified: an unusual sterol derivative and an ether/ester-linked phosphatidic acid (rather than a traditional diester). The geometry and
hydrophobic profile of the sterol derivative (hydroxy cholestane)
is different from traditional sterols, such as cholesterol, due to

Table 1. Specific Lipids Accumulate in Dividing Cells and at
Midbodies
LIPID

Fold Increase
Fold Increase at
during Cytokinesisa the Midbodyb

Sterol derivative

>27

unchanged

Phosphatidic acid ether/ester 40
(O-18:0/16:0)

unchanged

Phosphatidylinositol
(16:0/18:0)

10

unchanged

C16 diH-ceramide

>11

unchanged

C18 diH-ceramide

accumulatedc

unchanged

C20 diH-ceramide

accumulatedc

unchanged

C22 diH-ceramide

accumulatedc

accumulatedc

C24 diH-ceramide

accumulated

c

accumulatedc

C22 ceramide

4

4

C24 ceramide

4

14

C16 hexosylceramide

>16

13

C24 hexosylceramide

unchanged

>36

Phosphatidic acid
(16:0/16:0)

unchanged

14

Triacylglycerol
(16:1, 12:0, 18:1)

unchanged

54

Phosphatidylserine
(18:0/20:4)

unchanged

6

Results of LC-MS lipidomic analysis of S phase versus cytokinesis cells
(middle column) and midbodies versus mock midbody purification from
asynchronous lysate (right column). Lipids and their corresponding fold
increases are shown (averages of three independent profiling experiments). The chemical structures of these lipids are shown in Figure 1.
See Table S1 and Figures 5D and S1 for additional details.
a
Fold increase in S phase versus cytokinesis cells is determined by
[Abundancecytokinesis] / [AbundanceS-phase] for each lipid. Abundance is
the total ion count for a given ion. Each ion corresponds to a mass-tocharge ratio (m/z), which is used to assign the lipid species.
b
Fold increase in midbody versus cytokinesis cells is determined by
[Abundancemidbody] / [Abundancepurified lysate] for each lipid.
c
A numeric value for fold increase could not be calculated due to the low
abundance of these species in S phase or cytokinesis cells.

the absence of a double bond in the B ring and the additional
hydroxyl groups. Ether-linked phospholipids are rare structures
(Ivanova et al., 2010). Their biosynthesis varies significantly
from traditional glycerolipids, and it involves the esterification
of acetyl CoA as the first step. These lipids, with a more lipophilic
head group due to the ether linkage, can cause changes in the
arrangement of lipids within membranes (Braverman and Moser,
2012). The upregulation of both of these lipid species during cell
division suggests previously undescribed functions.
Eight of the lipids that we identified are specific subspecies
within the sphingolipid family. Sphingolipids are a large lipid
family based around a sphingosine base. They often include a
fatty acid (then called ceramide) and can be highly glycosylated.
Sphingolipids have been implicated in several biological
processes, including regulation of apoptosis, inflammatory
response, autophagy, and motility (Hannun and Obeid, 2011;
Meivar-Levy et al., 1997). The first clues for a role for ceramides
Cell 156, 428–439, January 30, 2014 ª2014 The Authors 429

Figure 1. Chemical Structures of Lipids that
Change during Cytokinesis and at the
Midbody
Chemical structures of the lipids listed in Table 1
are shown. Lipids that accumulate from S phase to
cytokinesis are shown in black and red. Lipids that
accumulate at the midbody are shown in red and
blue. Note that the sn-1 and sn-3 positions and the
positions of the double bonds in TAG (16:1, 12:0,
18:1) and PS (18:0/20:4) and the position of the
third hydroxyl group on the B ring of the trihydroxycholestane could not be determined.
Targeted MS analysis of the ceramide and diHceramide content of cytokinesis cells and midbodies is shown in Figure S1.

in mammalian cell division were provided in our previous report
that inhibition of glucosylceramide synthase (GCS) causes
cytokinesis failure. Chemical inhibition of GCS versus RNAi
knockdown resulted in changes in different lipid species, highlighting the high plasticity of lipid regulation in response to
different perturbation methods (Atilla-Gokcumen et al., 2011;
Eggert et al., 2006a; Castoreno and Eggert, 2011). The specific
ceramides changed upon GCS inhibition, however, mostly differ
from the species upregulated in dividing cells, which are ceramides with long fatty acid side chains. Some of the largest relative
lipid accumulations in dividing cells were dihydroceramides
(diH-ceramides, Table 1 and Figure S1). These lipids are
expressed at very low levels in nondividing cells and have
been studied little because it was assumed that they were inert
precursors during ceramide synthesis. Our findings suggest a
broader role. Our study links several specific and unusual lipids
to cell division and, more broadly, reports a cell-cycle-dependent regulation of the global lipidome during a basic biological
process.
Dividing Cells Have Distinct Mechanical Properties
Having uncovered the high precision that cells use to regulate
their lipidomes, we wanted to better understand whether the
430 Cell 156, 428–439, January 30, 2014 ª2014 The Authors

lipids that we identified had any particular
physical properties that might give us
hints about their biological functions. In
cells, lipids function in complex environments that include different proteins
and, if in the plasma membrane, extracellular matrix and cell surface carbohydrates, making it challenging to dissect
the contributions of membranes and the
lipids themselves. We used atomic force
microscopy (AFM) in its force spectroscopy mode to first investigate the
mechanical properties of live cells at
37 C. At relatively low forces and low
indentation depths, force-spectroscopy
AFM has been used successfully to measure the elasticity of a range of different
cell types and experimental environments (Harris and Charras, 2011; Kasas
et al., 2013; Stewart et al., 2012). For
example, elasticity measurements have been applied to study
cell division and spreading (Matzke et al., 2001; Pietuch and
Janshoff, 2013), and we use this approach here to investigate
the properties of cells in which lipid biosynthesis has been perturbed (see below and Figure 3F). To gain more insight into the
full range of mechanical stabilities of dividing cells, we turned
to a less common approach: we expanded the traditionally
sampled range of forces to higher values, spanning 10–250 nN
and compressed the cell until the plasma membrane was penetrated just before the tip reached the hard substrate (Hategan
et al., 2003). Applying such high forces deforms the entire cell,
pushing the AFM probe through a variety of cellular structures
and compartments until the membrane is broken. The rupture
of the plasma membrane is recognized by a breakthrough
jump in the force-distance curve, representing a clear molecular
fingerprint (Garcia-Manyes et al., 2005a, 2010), which is similar in
cells and in supported lipid bilayers (Figure 2). We based this
work on a precedent (Yokokawa et al., 2008), wherein it was
demonstrated that the ‘‘rip’’ encountered at high forces during
indentation corresponds to the real penetration of the probe
through the plasma membrane (see Extended Experimental
Procedures for more details). We found that much higher forces
(3-fold increase) were required to reach this breaking point in

Figure 2. The Mechanical Resistance
of Cytokinesis-Associated Membranes Is
Higher Both in Live Cells and in Supported
Lipid Bilayers Measured In Vitro
(A) Schematics of a force spectroscopy experiment on an interphase (nondividing) and cytokinesis (dividing) live cell.
(B) Typical force-distance curve conducted on a
live HeLa cell during cytokinesis. In a typical cycle,
the cantilever tip approaches the cell membrane
and applies an increasingly higher pushing force
that deforms the cytoplasm. Once the cantilever
reaches a position close to the stiff substrate, it is
able to penetrate through the two lipid membranes. This breakthrough event is marked by two
consecutive discontinuities in the force-extension
trace (arrows in inset). The cantilever is then retracted to the initial position (light-yellow line).
(C) Scatterplot of the first membrane breakthrough
force versus the cell height for interphase (blue, 26
independent cells) and cytokinesis cells (yellow,
17 independent cells) in cytoplasmic areas. Similar
experiments performed in the nuclear areas are
shown in Figure S2. The plot shows that, although
the breakthrough force increases with the cell
height, dividing cells exhibit markedly higher
breakthrough forces. Selecting a comparable
range of cell heights (6–7.6 mm), the mechanical
resistance of cytokinesis cells is significantly
higher (inset in C, 125 ± 30 nN and 48 ± 14 nN
breakthrough force for dividing and interphase
cells, respectively) with >99.99% confidence
(Student’s t test). Though the error in comparing
values between dividing and nondividing cells is
small, there is an additional potential error in the
absolute values reported due to limitations in the
size of the cantilevers available for these experiments (see Extended Experimental Procedures for
a discussion).
(D and E) Lipids derived from cells at S phase and
cytokinesis form supported lipid individual bilayers
that exhibit distinct morphologies as revealed by
tapping mode AFM topographical images.
(D) Supported lipid bilayers composed of S phase
lipids exhibit a continuous P0 phase.
(E) By contrast, in the case of lipids extracted from
cytokinesis cells, three main phases of increasing
height are observed (respectively, P0, P2, and P3).
Scale bar, 1 mm.
(F) Force-distance curves on both supported lipid bilayers revealed distinct mechanical stabilities.
(G) The mechanical resistance of lipid bilayers formed from S phase cells (P0) yielded a mean breakthrough force of 3.87 ± 0.84 nN (n = 900), obtained by
Gaussian fits to the data. In the case of the cytokinesis sample, both the P2 phase (12.93 ± 1.83 nN, n = 137) and the P3 phase (28.3 ± 3.17 nN, n = 54) revealed a
much higher mechanical stability than the matrix bilayer phase, P0 (6.5 ± 0.68 nN, n = 90).
Note that the nomenclature defining each of the phases is arbitrary yet consistent throughout the paper. For detailed descriptions of all phases and the height
profile of (E), see Figure S2.

dividing versus nondividing cells of comparable heights (Figures
2A–2C), suggesting that both the cell body and the plasma membrane have different mechanical properties in dividing cells. The
same trend was observed in the nuclear regions (Figure S2A and
S2B), albeit shifted to higher force values. Much of the increased
stiffness in dividing cells is undoubtedly due to the cytoskeleton,
which has well-documented and essential roles in the division
process. However, our experiments suggest that the properties
of the plasma membrane also need to be different in dividing

cells to be able to withstand substantially higher forces applied
during force spectroscopy.
Lipids Isolated from Dividing Cells Have Distinct
Morphological and Mechanical Properties
The mechanical resistance that we found in the plasma membrane of dividing cells is likely due to the combined action of
membrane proteins, cell surface glycans, and lipids. The full
complement of membrane proteins is not known, but we show
Cell 156, 428–439, January 30, 2014 ª2014 The Authors 431

Table 2. Cytokinesis Hits from an RNAi Screen of Lipid
Biosynthetic Enzymes
Gene Symbol

Predicted Lipid Product

% Multinucleated

SMPD4

ceramide

51.7 ± 4.9

CERS4

diH-ceramide/ceramide

24.2 ± 2.8

GALC

ceramide

22.5 ± 6.3

DGAT2

triacylglycerol

21.9 ± 6.6

SERINC4

phosphatidylserine/
3-ketodihydrosphingosine

17.7 ± 2.8 (96h)

LSS

lanosterol

17.6 ± 1.9

SMPDL3A

ceramide

16.1 ± 3.2 (96h)

CH25H

25-hydroxycholesterol

14.9 ± 3.4 (96h)

SERINC1

phosphatidylserine/
3-ketodihydrosphingosine

14.4 ± 0.3 (96h)

ACSL5

acyl-CoA

13.9 ± 2.3

ALOX12B

12(R)-HPETE

13.8 ± 5.6

PIKFYVE

PI(5)P/PI(3,5)P2

13.4 ± 1.4

GLB1

glucosylceramide/GM2

13.3 ± 4.0

LYPLA2

glycerophosphocholine/
glycerophosphoethanolamine

13.2 ± 2.8

GAL3ST1

sulfatide/
digalactosylceramidesulfate

13.0 ± 0.8

SCD

oleoyl-CoA/
oleoyl-[acyl-carrier protein]

12.2 ± 0.7

ABHD5

phosphatidic acid

11.6 ± 2.0

MTM1

PI /PIP/I(1)P

11.5 ± 3.1 (96h)

ST6GALNAC6

GD1a/GQ1ba/GT1aa

11.4 ± 2.7 (96h)

ST8SIA5

GD1c/GT1a/GQ1b/GT3

11.1 ± 3.8

LCAT

1-acylglycerophosphocholine/
cholesteryl ester

10.8 ± 1.9

PTPLB

VLC trans-2,3-dehydroacyl[acyl-carrier protein]/trans-2,
3-dehydroacyl-CoA

10.2 ± 0.9

CERS2

diH-ceramide/ceramide

10.0 ± 1.0

Nontargeting
siRNA control

2.3 ± 0.8

Enzymes shown in italics are predicted to process lipid families that accumulate in cytokinesis and/or midbody samples (Table 1). Predicted lipid
products were identified using the KEGG database (http://www.
genome.jp/kegg/). See Table S2 for a full list of the RNAi library and the
RNAi screen section in the Extended Experimental Procedures for additional details. The average percentage of multinucleated cells, as well as
the standard deviation between the four experiments, is shown (two independent experiments with two time points each: 72 and 96 hr). A minimum of 100 cells per case were counted.

here precisely which lipids change in dividing cells. If the lipids
themselves have physical properties that might influence their
function, these could include a predisposition to organize into
different domains, possibly recruiting other lipids and/or proteins
to these domains in cells. In an attempt to identify a potential
contribution of lipids to the overall mechanical stability of S
phase and dividing cells, we again used AFM to test the topographic and mechanical properties of supported lipid bilayers
from isolated lipids at very high spatial resolution (El Kirat
432 Cell 156, 428–439, January 30, 2014 ª2014 The Authors

et al., 2010; Sackmann, 1996) (Figures 2D–2G). Because the
different membrane compartments in cells are very dynamic
and we have an incomplete understanding of the membrane
proteins involved that could potentially be used as markers for
a membrane fraction’s origin especially in dividing versus nondividing cells, it is not possible to isolate only plasma membrane in
sufficient purity to allow meaningful comparisons. We therefore
analyzed total lipids isolated from cells under the same conditions as the samples used for LC-MS, allowing a direct comparison between the identities of the lipid mixtures and their
properties.
Although the differences in lipids that we observed by LC-MS
were large for specific lipids, the total change was quite small
relative to the cellular lipidome (for example, the total amount
of ceramides doubled, but only 2% of lipids in HeLa are ceramides). Surprisingly, such a small detected change in the lipid
composition had a significant effect on the topographic properties of supported lipid bilayers formed from S-phase- and cytokinesis-derived membranes: supported lipid bilayers formed
from S phase cells were mostly uniform (presenting only the
matrix phase ‘‘P0’’; Figures 2D and S2C), whereas lipids from
dividing cells were more likely to separate into three distinct
phases (P0, P2, and P3) (Figure 2E). To test whether such a
distinct lateral molecular arrangement of the lipids also had an
effect on the bilayers’ mechanical properties, we conducted
force spectroscopy experiments on both samples (Figures 2F
and 2G) (Garcia-Manyes and Sanz, 2010). Whereas bilayers corresponding to S phase cells (P0) exhibited moderate mechanical
stability of 4 nN (Figure 2G), the distinct phases found in the
bilayers formed from cytokinesis cells exhibit increasingly larger
forces required to puncture the membrane, culminating in the P3
phase (Figures 2E and 2G; see Figure S2 for further description
of the different phases). The P3 phase, which was observed in
about 20% of samples (Figure S2D), was dramatically stiffer,
with an associated mechanical resistance of 28 nN. These
observations on supported lipid bilayers suggest that some of
the mechanical properties that we observed in cells could be
related to the physical properties of the lipids themselves,
functioning in conjunction with membrane proteins.
RNAi Knockdown of Lipid Biosynthetic Enzymes Causes
Cell Division Defects
To get a better understanding of the lipids’ potential biological roles, we perturbed lipid levels in cells and evaluated
the resulting phenotypes. In the absence of techniques for
lipids comparable to genetic knockouts or knockdowns, inhibition of lipid biosynthesis is one of the few ways in which lipid
levels in cells can be manipulated. We used RNAi to systematically perturb the biosynthesis of different lipid families. We
designed a custom library targeting 244 lipid biosynthetic
enzymes and screened this library for cytokinesis inhibition in
HeLa cells. Knockdown of 23 genes caused cytokinesis failure
(Tables 2 and S2). Although there was a range across different
lipid classes, 11 out of 23 are involved in sphingolipid metabolism, which is in excellent agreement with our LC-MS data.
Some of these enzymes are predicted to process highly glycosylated sphingolipids (GLB1, ST6GALNAC6, and ST8SIA5),
which were not detected in our lipidomic analysis using

standard LC-MS parameters. These data partially correlate with
the literature. It was shown in sea urchin eggs that cholesterol
and the glycosphingolipid GM1 accumulate in an equatorial
band coupled to contractile ring formation and assembly
(Ng et al., 2005). GM1 is one of GLB1’s substrates, and both
ST6GALNAC6 and ST8SIA5 process GD1a, a direct derivative
of GM1.
The broad importance of different lipids and membrane
compartments in the cell division process is highlighted by our
identification of enzymes associated with a variety of different
pathways and predicted functions and localizations. For
example, two enzymes are predicted to process sterol derivatives (LSS, CH25H). Other enzymes are implicated in the glycerophospholipid and glycerolipid pathways (LYPLA2, LCAT,
SERINC1 and 4, DGAT2, and ABHD5), and two enzymes
(PIKFYVE and MTM1) process phosphatidylinositols, which are
known to be involved in cytokinesis (Echard, 2012). In addition,
we identified enzymes predicted to be involved in the biosynthesis, metabolism, or elongation of fatty acids: ACSL5,
ALOX12B, SCD, and PTPLB. Some of these enzymes may be
involved in the synthesis of precursors of the lipids that we identified by LC-MS.
Several of the most penetrant RNAi phenotypes are caused
by single enzymes that are part of multimember families, for
example, ceramide synthases (six enzymes) or neutral sphingomyelinases (four enzymes in mammals). The field is only just
beginning to appreciate the complexity of lipid biosynthesis
and the level of crosstalk between different biosynthetic routes
and enzymes. Many biosynthetic enzymes have predicted substrate and product families, but the nature of specific lipids
involved and the factors regulating the enzymes and therefore
lipid production are only known in very few cases (Hannun and
Obeid, 2011). For example, a biochemical analysis of different
ceramide synthases showed that different enzymes preferentially process different side-chain-length ceramides and that
their expression is tightly connected (Mullen et al., 2011). We
therefore used LC-MS to analyze the lipid composition of three
top RNAi hits: SMPD4, GALC, and DGAT2 (Figure S3A and Table
S3). DGAT2 is an acyltransferase that catalyzes the terminal step
in triacylglycerol synthesis, GALC catalyzes the conversion of
galactosylceramide into ceramide, and SMPD4 is predicted to
convert sphingomyelin into ceramide (Figure S3B). Unexpectedly, knockdown of SMPD4 did not result in accumulation of
substrate or depletion of product, as would be predicted by classical enzymology, but instead caused accumulation of specific
side-chain ceramides (product) and glycosylated ceramides.
This is likely due to cells adjusting their substrate specificities
and activating alternative lipid biosynthesis feedback loops
over the 3 day duration of the RNAi experiment. GALC RNAi
also caused accumulation of specific side-chain hexosylceramides. DGAT2’s lipid profile is discussed further in the section
on midbodies because we found that it is involved in the metabolism of a lipid accumulated at the midbody.
RNAi Knockdown of Key Lipid Biosynthetic Enzymes
Causes Mechanical Defects in Cells
The overall cellular consequences of SMPD4, GALC, and DGAT2
knockdown were similar and connected to defects in the cyto-

skeleton, the main driver of cell mechanics. To varying degrees,
all three RNAi treatments caused a significant delay during metaphase in mitosis (Figures 3A and 3B), followed by cell division
failure at different stages, mostly coupled with unusual membrane blebbing (Figures 3A and S3D). The morphologies of interphase cells as well as the actin cytoskeleton were also changed,
including an increase in the footprint of cells (Figures 3D and 3E).
Because these phenotypes suggest defective processing of
mechanical signals, we tested whether mechanical integrity
was affected in cells in which our top hit SMPD4 was knocked
down. Using AFM at forces lower than 0.6 nN (as opposed to
the high forces needed to break through membranes discussed
above) to measure elasticity, we found that SMPD4 RNAi cells
are 4-fold stiffer than control cells (Figure 3F). These data show
a clear mechanical role for lipids, either directly or by causing
changes to the cytoskeleton. Because SMPD4 RNAi is accompanied by changes in the actin cytoskeleton (Figure 3D), in this
case it is likely that the effects exerted by lipid changes cause
cytoskeletal defects rather than structural roles of the lipids
themselves.
Dividing Cells Regulate the Lipid Composition of the
Midbody
Membranes are particularly important in the midbody, where
final cleavage takes place, because they are needed to seal
the plasma membrane after fission. Super-resolution imaging
shows that ceramide-positive vesicles and the glycosylated
sphingolipid GM1 localize to different regions of the midbody
(Figure 4A). Ceramide vesicles do not substantially overlap
with endosomal proteins known be involved in cytokinesis
(FIP3-RAB11 and ESCRTIII; Figures 4B and 4C), suggesting
that they participate in an as yet unknown mechanism.
Membrane trafficking is reduced during mitosis and is thought
to increase again during cytokinesis. Thus, a specific lipid composition at the midbody might be regulated both by specific
trafficking and by local synthesis. We therefore tested whether
cells regulate their lipid composition at the midbody. Midbodyrich fractions can be purified biochemically, and their proteome
has been determined. To isolate midbodies with intact membranes, we adapted previous protocols (Mullins and McIntosh,
1982; Skop et al., 2004) and compared lipids extracted from cells
in cytokinesis and midbodies (Figure 5). To control for the copurification of nonmidbody lipid structures, we also compared the
lipidome of midbodies to lysate from nonsynchronized cells
that was subjected to the same purification protocol (Figure 5D).
As with dividing cells, we found that a small number of lipids with
very specific structures strongly accumulated in midbodies
(Tables 1 and S1 and Figure 1). Five out of nine lipids that accumulate at midbodies also accumulate during division, and all five
lipids are sphingolipid derivatives with specific fatty acid chains,
suggesting that long-chain dihydroceramides’ and ceramides’
effects are specific to the abscission site.
Several lipid species, including a rare TAG (16:1, 12:0, 18:1)
(Figure S4), accumulate in midbodies but were not upregulated
in dividing cells, suggesting that they are always present in cells
and specifically localize to the midbody. TAGs are the primary
unit of energy storage in eukaryotic cells. Whereas the lengths
of fatty acid chains in TAGs vary significantly based on the cells’
Cell 156, 428–439, January 30, 2014 ª2014 The Authors 433

Figure 3. RNAi Knockdown of Lipid Biosynthetic Enzymes Causes Cell Division Defects and Cytoskeletal Changes in Interphase Cells
(A) Still images from time-lapse movies of dividing cells for control, SMPD4, GALC, and DGAT2 siRNA treatments. Movies are available in the Supplemental
Information. Scale bar, 10 mm.
(B) Box plots of metaphase delays caused by siSMPD4, siGALC, and siDGAT2 treatments, respectively (average ± SEM), 58 ± 4.6, 56.5 ± 5.4, and 90.6 ± 9 min.
The time in metaphase for all RNAi-treated cells was significantly higher than the control (20.4 ± 1 min) with a > 99.99% confidence (t test). A minimum of 70 cells
from 3 independents experiments for each case were analyzed.
(C) SMPD4, GALC, and DGAT2 siRNA treatments result in different cytokinesis failure phenotypes. Examples for each phenotype are shown in Figure S3D.
Ectopic furrow refers to both successful and unsuccessful abscissions. A minimum of 70 cells from three independent experiments for each case were analyzed.
(D–F) SMPD4, GALC, and DGAT2 siRNA treatments result in altered cell shape and actin morphology.
(D) Representative images are shown for control and siRNA-treated cells. F-actin is shown in red (phalloidin staining) and DNA in green (DAPI staining). Scale bar,
10 mm.
(E) Quantification of the cell area for control cells (1088 ± 39 mm2, average ± SEM) and different siRNA-treated cells (respectively, for siSMPD4, siGALC, and
siDGAT2: 3331 ± 143, 3386 ± 113, and 3617 ± 144 mm2). The area was measured in at least 60 mononucleated cells per treatment and was significantly higher in

(legend continued on next page)
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Figure 4. Ceramide-Containing Vesicles Localize to the Midbody
(A) Different lipids show differential localization to division sites. The glycosphingolipid GM1 (green, visualized by cholera toxin) and ceramide (red, pan-ceramide
antibody staining) at the midbody are shown. Images are Z projections and were acquired with a N-SIM super-resolution microscope. Inset shows 23 zoom of the
midbody area. Scale bar, 2 mm.
(B and C) Ceramide antibody staining only partially overlaps with endosomal proteins known to be involved in cytokinesis: FIP3-RAB11 (B) and CHMP2B (C). The
images are Z projections acquired with an N-SIM super-resolution microscope (B) and a confocal microscope (C). Scale bars, 2 mm.

repertoire, longer-chain fatty acids (14–20 carbons) are usually
preferred in eukaryotic cells. Our TAG species is unusual
because it contains a 12 carbon chain. Although cells make
thousands of different TAGs, the biological functions of individual species are not well studied and neither are the selectivity
or specificity of several different enzymes that synthesize TAGs
(Coleman and Mashek, 2011). DGAT2, a TAG-synthesizing
enzyme (Figure S3C), was a top hit in our RNAi screen (Figures
3A–3C). MS analysis showed that several lipids were changed
in DGAT2 RNAi cells, including TAG (16:1, 12:0, 18:1) (Figure S3A), suggesting that DGAT2 is involved in the metabolism
of this lipid.
A specific phosphatidylserine also accumulated at midbodies.
Phosphatidylserines mostly reside in the plasma membrane and
are present in the inner leaflet in the resting state of the cell.

Synthesized in the endoplasmic reticulum, phosphatidylserines
are transported through different organelles and to the plasma
membrane and can also be flipped from the inner leaflet to the
outer leaflet of the plasma membrane when necessary. This
dynamic nature is important for biological processes, including
apoptosis and autophagy (Kay and Grinstein, 2011). Biological
functions for specific unsaturated long-chain phosphatidylserine
species, such as the one that we identified, have not been
reported.
In addition to the more unusual lipid species that we
observed in dividing cells and at midbodies, we also found
two common lipids: (16:0/16:0) phosphatidic acid accumulated
in midbodies and (16:0/18:0) phosphatidylinositol in dividing
cells. Both fatty acid configurations represent major subspecies
within these lipid families. As a major constituent of the plasma

all RNAi-treated cells compared to control, with a >99.99% confidence (t test). Targeted lipid analyses of the RNAi samples are reported in Table S3 and
Figure S3A.
(F) Histogram of cell stiffness (Young’s modulus values, see Extended Experimental Procedures) measured on control and SMPD4 siRNA-treated cells. A total
number of 4,098 indentations (21 cells) and 4,314 indentations (18 cells) were performed on control siRNAi and siSMPD4-treated cells, respectively. The average
value for siSMPD4 cells is significantly higher (35 ± 8.8 kPa, average ± SEM) than siRNA control cells (8.3 ± 1.9 kPa), with a >99.95% confidence. (Inset) Typical
32 3 32 force-volume map measured on a siSMPD4 cell. The topography of the force-volume corresponds to an arbitrary color scale of the Young’s Modulus.
Scale bar, 10 mm.
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Figure 5. Midbody and Membrane Markers
Are Correctly Localized in Isolated Intact
Midbodies
(A and B) Isolated midbodies were stained with
a-tubulin, MKLP-1, a marker for midbodies (A),
and FM4-64, a membrane marker (B). Scale bar,
5 mm.
(C) Representative electron micrograph shows an
isolated midbody with intact membrane structures. Black arrows show vesicles inside, and red
arrow shows plasma membrane that surrounds
the midbody. Scale bar, 500 nm.
(D) Schematic of the experiments that we conducted to exclude from our LC-MS analysis
membrane impurities that copurify with midbodies. We obtained and compared the profiles of
midbodies versus cytokinesis (MB-CYT) and
midbody versus purified lysate (MB-LYS). The hits
from MB-CYT and MB-LYS profiling were
compared. MB-CYT hits were checked in MB-LYS
profiling. Lipids that were unchanged in MB-LYS
profiling (i.e., found in lysate from asynchronous
cells in equal amounts) were eliminated, as they
are most likely impurities that copurified in both
samples. Membrane structures, microtubules,
and DNA are cartooned in gray, green, and red,
respectively.

membrane, phosphatidic acids are important signaling molecules and precursors for a diverse group of lipids, including
phosphatidylserines and phosphatidylinositols. Phosphatidylinositols are a constituent of the inner leaflet of the plasma
membrane. They can be glycosylated and form glycosylphosphatidylinositol (GPI) anchors, which are important posttranslational protein modifications. They are also precursors
for phosphatidylinositol phosphates, important signaling molecules that actively participate in cell division (Echard, 2012).
Much of lipid signaling is regulated through localization of lipids
to specific membrane structures, often vesicles. Our data show
that cells not only specifically regulate when they synthesize
specific lipids, but also where they are localized within larger
structures of the cell.
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There Is High Correlation between
Lipid Species Identified by LC-MS
and RNAi Screening
It has become clear in recent years that
the lipid composition of different cell
types can vary substantially for reasons
that are only beginning to be understood
(Gerl et al., 2012). The work that we report
here was done in HeLa, and we expect
that the extent and/or identity of lipid
changes in other dividing cells may vary
depending on the physiology of the cell
type. We show, however, excellent
agreement between the lipid families targeted by the biosynthetic enzymes that
scored in our RNAi screen and the lipids
identified in the unperturbed LC-MS analysis (overlap is shown in italics in Table 2). Twelve out of 23
enzymes identified in our RNAi screen are predicted to process
lipids found accumulated in cytokinesis cells and/or at the
midbody, eight of which belong to the nine strongest RNAi
hits. Reaching the same results by two complementary
approaches strongly suggests that the lipids we identified by
both approaches have biological significance.
DISCUSSION
We have shown here that HeLa cells actively
production and localization of lipids during cell
that cells display high specificity in the chemical
these lipids. Our analysis methods were

regulate the
division and
structures of
comparative

(cytokinesis versus S phase cells and midbody versus purified
lysate), allowing us to observe dynamic changes between the
different states we analyzed. Several of the lipids that had previously been reported to play a role during cytokinesis, including
the phosphatidylinositol phosphates (Emoto et al., 2005; Field
et al., 2005), did not score in our LC-MS analysis. This is, in
part, due to our inability to detect large lipids like PIP3 with the
extraction conditions and the MS ionization method that we
used (ESI). We could, however, detect PIP2, which was unchanged, likely due to its constant presence during the cell cycle,
as would be expected for a signaling lipid that regulates multiple
processes. Along this continuum and as with many proteins
involved in cell division, some of the lipids reported here appear
to also be involved in other cytoskeletal processes; for example,
GALC, SMPD4, and DGAT2 RNAi interphase cells have altered
actin morphologies (Figures 3D and 3E). The required presence
of some lipids throughout the cell cycle explains why we
observed very good, but not complete, correlation between the
dynamic lipid changes identified by LC-MS and the biosynthetic
enzymes scored in our RNAi screen. It is likely that several of the
biosynthetic enzymes that did not have matching lipid changes
are involved in the metabolism of lipids that are constantly
present.
Our analyses showed not only that cells precisely regulate the
timing of when they synthesize specific lipids, but also that they
specifically regulate their localizations to the midbody. It is
beginning to be appreciated that different membrane compartments such as some endosome species, for example, have
distinct lipid compositions (Bissig and Gruenberg, 2013). We
focused our analysis on the lipid composition of midbodies,
both because they are crucial sites of cell fission and because
we could purify them, and appropriate controls, in sufficient
quantity and acceptable purity. We were interested to note that
there was only partial overlap between the lipids accumulated
in dividing cells and at midbodies, suggesting that several of
the lipids accumulated in dividing cells have functions that are independent of the final division site, possibly during earlier steps
of division. Conversely, several midbody lipids did not accumulate in dividing cells, suggesting that they have additional roles
during the cell cycle. A finer dissection of the regulation of lipid
localization, for example to the plasma membrane or to different
vesicle types, would provide further functional information, but is
currently limited by the ability to biochemically fractionate
different compartments with sufficient purity. As our understanding of the protein requirements of different membrane compartments grows, it should become possible to use the protein
markers as guides for more detailed lipidomic studies.
Despite decades of intense study predominantly focused on
the proteins of the actin cortex located just beneath the plasma
membrane (Eggert et al., 2006b), we still do not have a comprehensive understanding of the mechanics underlying the cell
division process. For example, local tension changes of the actin
cortex both at the cleavage furrow and at the opposing poles are
important for successful division (Guha et al., 2005; Murthy and
Wadsworth, 2005; Sedzinski et al., 2011). A recent report
showed that a release of membrane tension triggered the assembly of the ESCRT fission complex during abscission
(Lafaurie-Janvore et al., 2013). These intriguing observations

suggest that there may well also be mechanical roles for membranes. These roles could be structural or could involve signaling
to the cytoskeleton. We present here evidence suggesting that
both occur, and we begin to tease apart the contributions
made by lipids and membrane proteins. Lipids are involved in
signaling by affecting specific membrane proteins or by assembling multiprotein and multilipid signaling platforms. We show
that SMPD4 RNAi makes cells stiffer and causes defects in the
actin cytoskeleton, likely because changes in the lipid composition cause the transmission of signals to the cytoskeleton.
We also present evidence for possible structural roles of lipids
during division. Dividing cells are substantially more resistant to
high forces applied by force spectroscopy than are nondividing
cells, suggesting that their membranes have changed to adapt
to mechanical stress during division. Although some of these
properties are no doubt due to membrane proteins or lipid/
protein signaling platforms, we now know precisely which lipids
change in dividing cells, allowing us to consider whether the
lipids themselves also might contribute. As it is not possible to
use measurements in live cells to dissect the contributions of
lipids versus membrane proteins, the cytoskeleton, or the cytoplasm (Moeendarbary et al., 2013), we used force spectroscopy
on supported lipid bilayers isolated from dividing cells. We found
an increased tendency toward more rigid domain formation,
including the extraordinarily rigid P3 phase. High-resolution
AFM studies on lipid phase behavior are usually performed
with carefully controlled synthetic membranes (Sullan et al.,
2009a, 2009b). Here, though we know which lipids differ between the two samples, both are complex mixtures of total lipids
extracted from cells. This allows interactions between lipids normally segregated in different cellular membrane compartments.
Despite this dilution of possible naturally occurring interactions
in both samples, we observe an increased tendency to form
distinct phases in lipids extracted from dividing cells (Figures
S2A and S2B), and we were intrigued by the surprisingly distinct
change in the physicochemical properties of the supported lipid
membranes. Due to the artificial conditions of the AFM experiment on supported lipid bilayers, we would not expect to
observe identical domains in cells. However, in the absence of
other techniques to study the role of lipids, it is tempting to speculate that the ability of cytokinesis lipids to form rigid phases
in vitro could contribute to the extraordinary mechanical resistance that we observed in live dividing cells under high forces.
In parallel with the development of methods to study the functions of lipids directly in the cell membrane, advances in biophysical techniques to study cell mechanics with enhanced resolution
will be needed to conclusively understand the mechanical roles
of different cellular and membrane compartments during
division.
The order of magnitude of lipid diversity (10,000 s) approaches
that of proteins, but the field is only beginning to appreciate this
diversity. We show that dividing cells display exquisite specificity
in their lipid composition, and many of the lipids that we identify
are quite rare species that have not been assigned biological
functions. Our discovery of the high precision that cells use to
regulate their lipidome during the cell cycle suggests that these
lipids play key roles in the division process. Although understanding the detailed roles of the lipids that we identified will
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require further technological advances in lipid biology, we have
made a start by showing that lipids contribute to the structural
integrity of dividing cells and are involved in the transmission of
signals. We have also identified strategies to perturb lipid levels
by using RNAi to identify which biosynthetic enzymes are
required for division, and we have described the cellular consequences of lipid perturbations. This work makes it clear that
lipids play active and essential roles in a fundamental biological
process and significantly strengthens the newly emerging paradigm that specific lipids within lipid families have specific
functions.
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EXPERIMENTAL PROCEDURES
Detailed information on the materials used can be found in the Extended
Experimental Procedures section, as well as detailed procedures for cell
culture methods and the RNAi screen.
S Phase Arrest
HeLa S3 cells were arrested at S phase by using thymidine. Cells were plated
into complete DMEM containing 4 mM thymidine at a final concentration of 4 3
105 cells/ml in 10 cm dishes for 24 hr (in 10 ml). Cells were then washed twice
with 5 ml PBS and were harvested using a cell scraper in 5 ml PBS. Cells were
pelleted by centrifugation at 200 3 g, and the pellets were stored at 80 C for
S phase cells.
Cytokinesis Arrest
For a full description of the cytokinesis arrest, see the Extended Experimental
Procedures. In brief, 100 nM nocodazole treatment for 12 hr yielded a highly
mitotic population of HeLa S3 cells. Mitotic cells were collected by mitotic
shake-off, and cells were replated after several washing steps. Cells were
incubated for 2 hr, allowing them to synchronously release to cytokinesis,
and Taxol was added prior to harvesting if cells were carried forward for midbody isolation.
Midbody Isolation
For a full description of the cytokinesis arrest, see the Extended Experimental
Procedures. In brief, the first step of the isolation is the mechanical lysis of
cytokinesis cells in Mb buffer using a 27 G1/2 needle. The resulting solution
was vortexed in the presence of glass beads followed by the addition of micrococcal nuclease. Next, the solution was clarified by consecutive short spins to
remove unlysed cells and larger structures in the lysate. The concentrated
midbody-containing solution was subjected to a brief immunoprecipitation
step by using integrin b3 antibody to remove nonmidbody-related membranes. The resulting supernatant was enriched in midbody structures and
was used for midbody lipid profiling.
Preparation of Lipid Extracts for LC-MS and Data Analysis
Lipids were prepared according to a previously reported protocol (Saghatelian
et al., 2004). A full description of the LC-MS method and lipid species assignments can be found in the Extended Experimental Procedures.
Atomic Force Microscopy
Force spectroscopy measurements using low (0.6 nN) or high forces (10–250
nN) on cells as well as imaging and force spectroscopy on isolated lipid bilayers were performed using a commercial Dimension Icon AFM instrument
(Bruker, Karlsruhe, Germany). Sample preparation, measurement details,
and statistical analyses are discussed in the Extended Experimental
Procedures.
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